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 31 

Abstract 32 

Biodegradable polyesters have a large potential to replace persistent polymers 33 

in numerous applications and to thereby reduce the accumulation of plastics in the 34 

environment. Ester hydrolysis by extracellular carboxylesterases is considered the rate-35 

limiting step in polyester biodegradation. In this work, we systematically investigated 36 

the effects of polyester and carboxylesterase structure on the hydrolysis of nanometer-37 

thin polyester films using a quartz-crystal microbalance with dissipation monitoring. 38 

Hydrolyzability increased with increasing polyester-chain flexibility as evidenced from 39 

differences in the hydrolysis rates and extents of aliphatic polyesters varying in the 40 

length of their dicarboxylic acid unit and of poly(butylene adipate co-terephthalate) 41 

(PBAT) polyesters varying in their terephthalate-to-adipate ratio by Rhizopus oryzae 42 

lipase and Fusarium solani cutinase. Nanoscale non-uniformities in the PBAT films 43 

affected enzymatic hydrolysis and were likely caused by domains with elevated 44 

terephthalate contents that impaired enzymatic hydrolysis. Yet, the cutinase completely 45 

hydrolyzed all PBAT films, including films with a terephthalate-to-adipate molar ratio 46 

of one, under environmentally relevant conditions (pH 6, 20 °C). A comparative 47 

analysis of the hydrolysis of two model polyesters by eight different carboxylesterases 48 

revealed increasing hydrolysis with increasing accessibility of the enzyme active site. 49 

Therefore, this work highlights the importance of both polyester and carboxylesterase 50 

structure to enzymatic polyester hydrolysis.  51 

 52 

Introduction 53 

The accumulation of persistent polymers in the environment is increasingly 54 

recognized as a major threat to both aquatic and terrestrial ecosystems.1-6 In addition to 55 
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these environmental concerns, plastic accumulation may also have negative economic 56 

impacts, including reduced crop yields from agricultural soils containing plastic 57 

materials.7 These negative environmental and economic impacts call for strategies to 58 

minimize plastic pollution and to advance towards a more sustainable use of polymer 59 

materials. One promising strategy is to replace persistent polymers with biodegradable 60 

materials, particularly for short-term uses, including packaging and agricultural 61 

applications such as mulch films.8-11  62 

Aliphatic polyesters —synthesized from dicarboxylic acids and diols— and 63 

aliphatic-aromatic co-polyesters —synthesized from aliphatic and aromatic 64 

dicarboxylic acids and aliphatic diols— are two important classes of biodegradable 65 

polymers.10,12 Aliphatic-aromatic co-polyesters are of particular commercial interest 66 

because their physicochemical properties can be adapted to the requirement of a 67 

specific application by changing the ratio of aliphatic to aromatic diacid 68 

components.1,12-16 Depending on the application, biodegradable polyesters have 69 

different end-of-life options, including landfilling, composting, de-polymerization for 70 

recycling of monomers, and biodegradation in the soil in agricultural applications.9,17 71 

In all of these cases, the hydrolysis of ester bonds in the polyester is considered to be 72 

the rate-limiting step in the overall biodegradation process.18,19 In pioneering work, 73 

Tokiwa et al. demonstrated that extracellular microbial carboxylesterases catalyze the 74 

hydrolysis of synthetic polyesters.20 Since then, considerable research efforts have been 75 

directed towards obtaining a fundamental understanding of enzymatic polyester 76 

hydrolysis and towards identifying competent enzymes.21-26 77 

In previous studies, the enzymatic hydrolysis of polyesters was most commonly 78 

measured either by quantifying the number of protons formed during carboxylic ester 79 

hydrolysis with pH-stat titration27 or by quantifying soluble polyester hydrolysis 80 
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products released into solution with dissolved organic carbon (DOC) measurements or 81 

high-performance liquid chromatography coupled to mass spectrometry (HPLC-MS) 82 

measurements.20,28-30 We recently introduced two complementary approaches: a high-83 

throughput microplate method that is based on monitoring the co-hydrolysis of a 84 

fluorogenic ester probe embedded into the polyester,31 and an approach based on 85 

quartz-crystal microbalance with dissipation monitoring (QCM-D) measurements that 86 

allows real-time monitoring of the hydrolytic mass loss from polyester thin films.32 87 

Compared to the other methods, the QCM-D approach is unique in that it provides 88 

insights into the dynamics of the enzymatic polyester hydrolysis at the nanometer scale. 89 

Previous studies, in which pH-stat titration and the fluorogenic probe-based 90 

method were used, reported an inverse correlation between the rate of enzymatic 91 

polyester hydrolysis and the melting temperature, Tm, of the polyester.18,27,33,34 This 92 

finding was rationalized by considering Tm as a proxy for polyester chain flexibility: 93 

with decreasing Tm, the flexibility of polyester chains, and therefore also their 94 

propensity to enter the active site of a carboxylesterase, increased.18,27 Using the 95 

fluorogenic probe-based method, we recently extended on this chain-flexibility concept 96 

by showing that the rate of enzymatic hydrolysis of a set of aliphatic polyesters was 97 

additionally dependent on the accessibility of the active site of the carboxylesterase: 98 

while hydrolysis rates by Rhizopus oryzae lipase (RoL), for which the active site is 99 

located in a relatively deep pocket, showed a strong inverse correlation with Tm, 100 

hydrolysis rates by Fusarium solani cutinase (FsC), which has a more surface-exposed 101 

active site, showed a weaker inverse correlation with Tm.31 The importance of active-102 

site structure is also evident from enzyme-engineering studies that demonstrated faster 103 

polyester hydrolysis by FsC after enlarging its active-site.35,36 Taken together, these 104 

findings point to a critical interplay between polyester-chain flexibility and enzyme 105 
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active-site accessibility in determining overall polyester hydrolysis. Therefore, studies 106 

that address this interplay by comparing the hydrolysis of a set of polyesters that 107 

systematically vary in structure by a diverse set of carboxylesterases are needed.  108 

The objective of this work was to provide such a comprehensive analysis of the 109 

combined effect of polyester structure and enzyme active-site accessibility on 110 

enzymatic polyester hydrolysis. To this end, we performed QCM-D measurements to 111 

study the hydrolysis of nanometer-thick films of eight aliphatic polyesters and six 112 

aliphatic-aromatic co-polyesters by FsC and RoL, two hydrolases with very different 113 

active-site accessibilities. The aliphatic polyesters varied in the length of their diacid 114 

monomer, whereas the aliphatic-aromatic co-polyesters varied in their ratio of aromatic 115 

to aliphatic diacids. To assess the effect of active-site accessibility, we compared the 116 

hydrolysis of two selected polyesters by eight carboxylesterases of different classes.  117 

Materials and Methods 118 

Chemicals and solutions. All chemicals used in this study are listed in the 119 

Supporting Information (SI). They were purchased from commercial suppliers and 120 

were used as received. All aqueous solutions were prepared in Milli-Q water (resistivity 121 

= 18.2 MΩ  cm; Barnstead NANOpure Diamond) and contained 10 mM KCl as 122 

background electrolyte. 123 

Polyesters. Table 1 shows the general chemical structures and physicochemical 124 

properties of the studied aliphatic polyesters (PBCn) and aliphatic-aromatic co-125 

polyesters (PBATx). All polyesters were provided by BASF SE and were synthesized 126 

as previously described.37,38 While butanediol (B) was present in all aliphatic 127 

polyesters, they differed in the length of their dicarboxylic acid units (Cn, with n= 128 

number of carbon atoms). All aliphatic-aromatic co-polyesters contained B but were 129 

synthesized to have varying relative contents of terephthalate (T) to adipate (A), 130 
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expressed as the molar fraction of terephthalate to total diacid x (%) (i.e., x= 131 

T/(T+A)·100). 132 

Table 1. Generalized chemical structures and physicochemical properties of the tested 133 
aliphatic polyesters (PBCn) and the aliphatic-aromatic co-polyesters (PBATx). n and x 134 
refer to the number of carbon atoms in the dicarboxylic acid components and the molar 135 
fraction (%) of terephthalate (T) to total diacids (T + adipate (A)), respectively. Tm: 136 
melting temperature, Mn: number average molecular weight, Mw: weight average 137 
molecular weight, n.m.: not measurable. PBC6 and PBAT0 refer to the same polyester 138 
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material, also known as poly(butylene adipate) (PBA). The properties of the aliphatic 139 
polyesters were previously published.31 140 

 141 
Enzymes. Table 2 lists the tested carboxylesterases, their source, and their 142 

hydrolytic activity under enzyme saturation (Vmax) with the model ester substrate para-143 

nitrophenyl butyrate (pNPB). We determined these activities using an approach adapted 144 

from Ribitsch et al.39 In brief, we added carboxylesterase solution (20 μL) and a pNPB-145 

containing solution buffered at pH 6 (180 μL; 50 mM 2-(N-morpholino)ethanesulfonic 146 

Aliphatic polyester (PBCn)

Abbreviation Number of carbon 
atoms in diacid (n)

Tm 

(°C)
Mn

(g/mol)
Mw

(g/mol)

PBC4 4 113.5 22700 112000

PBC6 6 58.7 19800 52100

PBC8 8 57.6 28100 94700

PBC9 9 53.2 25700 102000

PBC10 10 66.4 23700 95400

PBC12 12 75.5 28300 91300

PBC13 13 69.1 25700 78000

PBC18 18 84.9 n.m n.m

Aliphatic-aromatic co-polyester (PBATx)

Abbreviation
Fraction (%) of 

aromatic diacids
(T/(A+T)) ��100

Tm 

(°C)
Mn

(g/mol)
Mw

(g/mol)

PBAT0 0 58.7 19800 52100

PBAT10 9.6 49.1 15600 51000

PBAT20 19.6 43.2 18400 56000

PBAT29 29.0 58.0 15900 48400

PBAT42 42.0 101.0 17600 52200

PBAT50 50.1 126.0 18300 56100

O

O
O

O

O

O

O

O
O

OO

OO
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acid (MES)) to the wells of a microplate (product number: 269620, Nunc). We 147 

independently verified that the obtained carboxylesterase and pNPB concentrations 148 

(5 mM pNPB) resulted in enzyme saturation. We subsequently followed the formation 149 

of the hydrolysis product, para-nitrophenol (pNP), by monitoring absorbance at 150 

405 nm over time at 30 °C using a plate reader (Synergy HT, BioTek GmbH). The 151 

concentration of formed pNP was calculated based on the absorbance of pNP 152 

concentration standards that were measured on the same plate.  153 

The hydrolysis of aliphatic polyesters (data in Figure 1) by FsC and RoL were 154 

conducted at enzyme activities of 1.8·10-9 kat/mL and 7.7·10-9 kat/mL, respectively 155 

(based on pNP formation). The hydrolysis of the aliphatic-aromatic co-polyesters (data 156 

in Figure 2 and 3) by FsC and RoL was investigated at an activity of 16.2·10-9 kat/mL 157 

for both enzymes. We note that we employed two different RoL batches for the 158 

hydrolysis of the aliphatic polyesters (Sigma/62305) and aliphatic-aromatic co-159 

polyesters (Sigma/80612). The use of two RoL batches and different enzyme 160 

concentrations impairs a direct comparison of the hydrolysis data in Figure 1 and in 161 

Figures 2 and 3.  162 

Table 2. Names, abbreviations, sources and catalytic activities of the used 163 
carboxylesterases. Activities were measured with the model ester substrate para-164 
nitrophenyl butyrate (pNPB) at 30 °C and pH 6. An activity of 1 kat corresponds to the 165 
release of 1 mol of para-nitrophenol per second. We abbreviated the lipase of Pelosinus 166 
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fermentans as PefL (and not PfL1 as originally published) to clearly delineate it from 167 
Pseudomonas fluorescens lipase, abbreviated as PfL.  168 

 169 
aEnzymes were cloned and expressed in Escherichia coli as described in the literature: 170 
CbE (Cbotu_EstA, GenBank number: KP859619),22 PefL (PfL1, KM377649),24 and 171 
TcC (Thc_cut1, HQ147785).29 172 

Polyester hydrolysis. We used a QCM-D E4 system (Q-Sense, Sweden) with four 173 

flow cells to follow the enzymatic hydrolysis of polyester thin films coated onto QCM-174 

D sensors.32 QCM-D is a piezo-acoustic resonator technique that monitors the changes 175 

in the resonance frequencies, Δfi (Hz), and the energy dissipations, ΔDi, of a piezo 176 

quartz crystal embedded into the QCM-D sensor. During the hydrolysis experiment, 177 

the fundamental tone (i= 1) as well as six oscillation overtones (i= odd numbers 178 

between 3 and 13) were continuously measured. We converted measured Δfi values into 179 

changes in the adlayer mass on the sensor surface, Δm (ng/cm2), using the Sauerbrey 180 

equation (Eq. 1):  181 

Δ𝑚 = 𝐶 • − !"!
#
	       Eq. 1 182 

where C (=17.7 ng·cm-2·Hz-1) is the sensor-specific mass sensitivity constant. 183 

The fifth overtone (i= 5) was used for plots and calculations.  184 

For the preparation of polyester thin films, the polyesters were first dissolved in 185 

chloroform to a final concentration of 0.5% (w/w). We then transferred 40 µL of the 186 

Abbreviation Organism Class Supplier / product
number

Activity on pNPB
kat/mg, 10-9

FsC Fusarium solani cutinase ChiralVision B.V.
(Novozym 51032) 394 ± 14

RoL Rhizopus oryzae lipase Sigma / 62305 
Sigma / 80612

77 ± 4
66.9 ± 1.9

TcC Thermobifida cellulosilytica cutinase expressed in E.coli a 4460 ± 200

CbE Clostridium botulinum esterase expressed in E.coli a 649 ± 14

PefL Pelosinus fermentans lipase expressed in E.coli a 611 ± 12

PfL Pseudomonas fluorescens lipase Sigma / 534730 35.3 ± 1.2

PcL Pseudomonas cepacia lipase Sigma / 62309 61 ± 7

AnL Aspergillus niger lipase Sigma / 62301 8.04 ± 0.21
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polyester solution onto a QCM-D sensor (QSX 301, Microvacuum) mounted on a spin 187 

coater (WS-650MZ-23NPP, Laurell Technologies), followed by spinning the sensor for 188 

1 min at 4000 rpm with an acceleration of 1500 rpm·s-1. The mass of each coated film 189 

was calculated from the decrease in the resonance frequencies of the sensor before and 190 

after the coating step, both measured on the QCM-D in air at 20 °C. All spin-coated 191 

films had thicknesses of around 80 nm, consistent with previous work.32 192 

Each polyester-coated QCM-D sensor was pre-equilibrated to the solution used 193 

in hydrolysis experiments (i.e., 3 mM sodium phosphate, pH 6, filtered through 0.2 µm 194 

cellulose acetate syringe filters) by immersing the sensor in a solution of the same 195 

composition for 14 h at 25 °C. We subsequently mounted the sensor into the flow cell 196 

of the QCM-D instrument and ran the experimental solution over the sensor at a 197 

constant volumetric flow rate (20 μL/min) and a constant temperature. Upon attaining 198 

constant Δfi and ΔDi values, we switched to solutions that contained one of the 199 

carboxylesterases while all other solution parameters remained the same. Hydrolysis of 200 

the polyesters led to increasing resonance frequencies (i.e. decreasing adlayer masses) 201 

and was followed until constant Δfi and ΔDi values were re-attained. We subsequently 202 

removed the sensors from the flow cells, washed them by dipping them into Milli-Q 203 

water, and finally dried them in a N2 stream. To determine the fraction of the coated 204 

polyester mass that was removed by enzymatic hydrolysis, we determined the 205 

resonance frequency of each dried sensor in air at 20 °C after hydrolysis and compared 206 

this frequency to those measured prior to hydrolysis. We cleaned the flow cells and 207 

sensors after each experiment following a previously published method,40 as explained 208 

in the SI. 209 

 210 

Results and Discussion 211 
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Polyester hydrolysis. Aliphatic polyesters. Figures 1a and 1b show the results of 212 

representative QCM-D experiments for the hydrolysis of PBC4, PBC6, PBC10 and 213 

PBC18 by FsC (panel a) and RoL (panel b). The results of representative hydrolysis 214 

experiments of the remaining polyesters (i.e., PBC8, PBC9, PBC12 and PBC13) are 215 

provided in Figure S1. The hydrolysis dynamics of PBC8 and PBC9 and of PBC12 and 216 

PBC13 were similar to those of PBC6 and PBC10, respectively. Hydrolysis 217 

experiments were highly reproducible, as shown exemplarily by results from duplicate 218 

hydrolysis experiments of PBC8 by FsC and RoL (Figure S2). Furthermore, the QCM-219 

D approach was highly sensitive: the hydrolysis of PBC4 by RoL was readily detectable 220 

by QCM-D (Figure 1b), whereas PBC4 hydrolysis by lipases was too slow to be 221 

detectable in earlier studies in which other techniques were used.27,31 222 

The adlayer mass of all PBCn films was constant in enzyme-free solutions at t< 223 

0 h (Figures 1a,b and S1). Furthermore, we illustrated for PBC6 that the mass of a 224 

spin-coated polyester film did not change during its exposure to an enzyme-free buffer 225 

solution for 24 h (Figure S3). These findings demonstrated that non-enzymatic 226 

hydrolysis of PBCn was negligible. Adding FsC and RoL at t= 0 h led to changes in the 227 

adlayer mass that differed between the two enzymes. A decreasing adlayer mass 228 

indicated hydrolysis of the polyesters and the release of water-soluble hydrolysis 229 

products into solution.32 We used 1H nuclear magnetic resonance (NMR) to confirm 230 

the presence of hydrolysis products in the solutions eluting from the QCM-D flow 231 

through cells during the hydrolysis of PBC6 films by both RoL and FsC (Figure S4). 232 

The addition of FsC led to immediate decreases in the adlayer mass of all PBCn 233 

films except for PBC18 (Figures 1a and S1a). The initial mass-loss rates were highest 234 

for PBC6, PBC8, and PBC9 films. These rates remained high until the adlayer mass 235 

leveled off, approximately 1.5 h after FsC addition, at constant final values that 236 
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corresponded to (close to) complete film removal as discussed below. The mass 237 

progress curves of PBC4, PBC10, PBC12, and PBC13 showed two consecutive phases. 238 

The first phase had a smaller mass-loss rate and continued until approximately 1 μg•cm-239 

2 of the adlayer mass was removed. The second phase had a higher mass-loss rate and 240 

continued until the adlayer mass leveled off at final stable values. The decrease in 241 

adlayer mass was slowest for PBC18 films and showed three consecutive phases. An 242 

initial phase with a low mass-loss rate was followed by a second phase during which 243 

the adlayer mass increased. Given that QCM-D senses the mass of adlayer-associated 244 

water,32,41,42 we attribute this increase to the incorporation of water (and enzyme 245 

molecules) into the film during this stage of the hydrolysis.32 This explanation is 246 

supported by a pronounced increase in the energy dissipation values of the adlayer and 247 

hence a decrease in adlayer rigidity during this phase (Figure S5). The third and final 248 

phase was characterized by a continuous loss of adlayer mass and a decrease in the 249 

dissipation until they both leveled off at stable final values (inset Figure 1a).  250 

In comparison to FsC, the addition of RoL caused small initial increases in the 251 

adlayer mass for all PBCn films after which the adlayer mass remained constant for 252 

some time. These mass increases likely resulted from the adsorption of RoL molecules 253 

to the PBCn film surfaces. For all polyesters, the first phase of constant adlayer mass 254 

transitioned into a phase with a high mass-loss rate. As argued in more detail below, 255 

polyester hydrolysis by RoL likely occurred primarily in the vertical direction into the 256 

thin films. Therefore, the release of hydrolysis products during the first phase was 257 

probably compensated by the incorporation of water into the film, resulting in only 258 

small changes in the adlayer mass. The sharp transition into the second phase occurred 259 

when the pre-hydrolyzed film became sufficiently instable and was therefore rapidly 260 
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removed from the sensor. For all polyesters, the mass progress curves ultimately leveled 261 

off at stable values that corresponded to extensive film hydrolysis, as explained below.  262 

 263 
Figure 1. Enzymatic hydrolysis of a set of aliphatic polyesters that all contained 264 
butanediol (B) but dicarboxylic acid components with varying lengths (Cn) (PBCn with 265 
n= number of carbon atoms in diacid; see Table 1 for details) by Fusarium solani 266 
cutinase (FsC) and Rhizopus oryzae lipase (RoL) at pH 6 and 30 °C, as determined by 267 
quartz-crystal microbalance with dissipation monitoring (QCM-D) measurements. a. 268 
and b. Changes in the adlayer mass of PBC4, PBC6, PBC10, and PBC18 films 269 
(complete curves for PBC18 shown in the insets) during their enzymatic hydrolysis by 270 
FsC (a.) and RoL (b.). Enzymes were continuously run over the sensors starting at time 271 
t= 0 h, as indicated by the vertical dashed lines. c. Fraction (%) of the initially coated 272 
polyester film mass that was removed during the hydrolysis experiment. d. Estimated 273 
rates of enzymatic polyester hydrolysis. Error bars in c. and d. represent deviations of 274 
duplicates from their mean. 275 
 276 

To determine the extents of polyester hydrolysis when adlayer masses leveled off 277 

at final stable values, we determined the dry mass of each sensor after the hydrolysis 278 

experiment and compared it to its mass before and after spin coating. For all PBCn and 279 

both enzymes, the fraction of the initially coated polyester mass that was removed was 280 

close to 100% (Figure 1c), suggesting extensive (if not complete) transformation of all 281 
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films into soluble hydrolysis products. Fractional mass losses slightly smaller than 282 

100% likely resulted from positive mass contributions of enzymes that adsorbed to the 283 

gold surface of the QCM-D sensor after hydrolytic removal of the polyester films.32 284 

Fractional mass losses close to 100% imply that the differences in the end points of the 285 

mass progress curves between PBCn films (Figures 1a,b and S1a,b) reflected 286 

differences in the spin-coated masses and not in the extents of hydrolysis. 287 

To compare the hydrolysis rates for all polyester-enzyme combinations, we 288 

approximated the rates with the time that was required to remove half of the initially 289 

coated adlayer mass (i.e., estimated rate with units of µg•cm-2•h-1). The estimated rates 290 

for FsC-mediated hydrolysis of aliphatic polyesters decreased in the order PBC9 > 291 

PBC6≈ PBC8 > PBC10≈ PBC4≈ PBC13≈ PBC12 > PBC18 (Figure 1d). For RoL, the 292 

estimated rates were slightly higher for polyesters with intermediate-length diacids (i.e., 293 

PBC6, PBC8, PBC9, PBC10, PBC12, and PBC13) than for the two polyesters with the 294 

shortest and longest diacid component (i.e., PBC4 and PBC18).  295 

Aliphatic-aromatic co-polyesters. Figures 2a and 2b show representative mass 296 

progress curves during the hydrolysis of PBATx films by FsC and RoL, respectively. 297 

Constant adlayer masses prior to enzyme addition at t= 0 min again implied that non-298 

enzymatic hydrolysis was negligible. Good agreement between duplicate hydrolysis 299 

experiments of PBAT29 films with both FsC and RoL (Figure S6) demonstrated that 300 

QCM-D measurements were highly reproducible also for PBAT films.  301 

Adding FsC to PBATx films resulted in an immediate adlayer mass loss (Figure 302 

2a) indicating a fast onset of film hydrolysis by FsC. All mass progress curves 303 

eventually leveled off at similar final values. At these final values, almost all of the 304 

initially coated polyester mass was removed (i.e., fractional mass losses close to 100%) 305 

(Figure 2c), suggesting extensive (if not complete) hydrolysis of PBATx films by FsC. 306 
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The estimated hydrolysis rates, determined as described above, were similar for 307 

PBAT0, PBAT10, and PBAT20 but successively decreased with increasing 308 

terephthalate contents from PBAT29 to PBAT42 and to PBAT50 (Figure 2d).  309 

 310 

Figure 2. Hydrolysis of poly(butylene adipate co-terephthalate) (PBATx) thin films by 311 
Fusarium solani cutinase (FsC) and Rhizopus oryzae lipase (RoL) at pH 6, as measured 312 
with a quartz-crystal microbalance with dissipation monitoring (QCM-D). The different 313 
PBATx polyesters varied in the molar fraction of the aromatic diacid terephthalate (T) 314 
to the aliphatic diacid adipate (A) (i.e., x= T/(A+T)·100). a. and b. Changes in the 315 
adlayer mass during the hydrolysis of PBATx thin films by FsC (a.) and RoL (b.) at 316 
30 °C. Enzymes were added at time t= 0 h, as indicated by the vertical dashed lines. 317 
The insets show the adlayer mass progress curves within the first hour of 318 
carboxylesterase addition. c. Fraction (%) of initially coated dry polyester mass that 319 
was removed during the hydrolysis experiments. d. Estimated rates for the hydrolysis 320 
of PBATx films by FsC at three different experimental temperatures. Error bars in 321 
panels c. and d. represent deviations of duplicate measurements from their mean. 322 

Compared to the hydrolysis by FsC, the hydrolysis of PBATx films by RoL 323 

showed a much stronger dependence on the terephthalate content (Figure 2b). Adlayer 324 

masses of PBAT0 and PBAT10 films decreased immediately after adding RoL and 325 

leveled off at constant final masses within less than one hour after RoL addition. These 326 
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final values corresponded to almost complete polyester film removal (Figure 2c). We 327 

note that the differences in the mass progress curves during hydrolysis of PBAT0 328 

(=PBC6) by RoL in Figures 1 and 2 are due to different RoL concentrations used for 329 

these experiments (see Materials and Methods section). PBAT20 and PBAT29 films 330 

showed high initial mass-loss rates that decreased when approximately 1.5 and 1 μg·cm-331 

2 of adlayer mass had been removed, respectively (arrows in Figure 2b). The mass 332 

progress curves leveled off at final values, which corresponded to incomplete 333 

hydrolysis of the PBAT20 and PBAT29 films (Figure 2c). Continuous exposure of 334 

PBAT42 and PBAT50 films to RoL over 20 h resulted in only small and no mass losses, 335 

respectively (Figure 2b). Consistently, the fractional mass loss measured on dried 336 

sensors at the end of the experiments was only 28 and 2% of the spin-coated PBAT42 337 

and PBAT50 films, respectively (Figure 2c). Due to the incomplete hydrolysis of films 338 

of PBAT20, PBAT29, PBAT42 and PBAT50 by RoL, we did not estimate hydrolysis 339 

rates for these experiments.  340 

Mechanistic interpretation of polyester hydrolysis data. The experimental data 341 

clearly show that rates and extents of polyester hydrolysis were dependent on both the 342 

chemical structure of the polyesters and the type of carboxylesterase used. These two 343 

important factors on enzymatic polyester hydrolysis are separately discussed below.  344 

Effect of polyester structure. Previous work has shown increasing enzymatic 345 

hydrolysis rates of aliphatic polyesters and aliphatic-aromatic co-polyesters with 346 

decreasing polyester Tm.27,31,34 This trend was ascribed to increasing polyester chain 347 

flexibility with decreasing Tm and, as a consequence, increasing propensity for ester 348 

bonds to reach into the active site of hydrolases adsorbed to the polyester surface. While 349 

it was technically unfeasible to measure Tm for the spin-coated thin films, we plotted 350 

the estimated hydrolysis rates of PBCn and PBATx films by RoL and FsC to the Tm 351 
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values determined on granules of the respective polyesters (Table 1). Hydrolysis of the 352 

PBCn films by RoL showed only a slight overall rate increase with decreasing polyester 353 

Tm (Figure S7). For these polyesters, the Tm values measured on polyester granules 354 

therefore were relatively poor predictors for thin film hydrolysis rates. The hydrolysis 355 

of PBCn and PBATx films by FsC (Figures S7 and S8) showed clearer trends of 356 

increasing rates with decreasing polyester Tm. At the same time, there were notable 357 

deviations from these trends. The hydrolysis rates of PBC4 —the aliphatic polyester 358 

with the highest Tm— by FsC was high relative to the polyesters with lower Tm (Figures 359 

S7). Also, the hydrolysis rate of PBAT0 by FsC was significantly higher than of 360 

PBAT29, while both polyesters had similar Tm values (Figure S8). Despite the apparent 361 

limitations in relating thin film hydrolysis rates to bulk polyester properties, the overall 362 

trends between rates and Tm of all studied systems were consistent with the chain-363 

flexibility hypothesis.  364 

As compared to experiments with macroscopic polyester materials, working with 365 

polyester thin films on a QCM-D platform has the unique advantage that enzymatic 366 

hydrolysis can be studied directly at the nanoscale. This advantage allows for a 367 

molecular-level mechanistic interpretation of the effect of PBATx structure on 368 

hydrolysis. The initial phases of PBATx hydrolysis by FsC showed distinct features in 369 

the mass progress curves that depended on the terephthalate contents of the films 370 

(Figure 2a). For films with low terephthalate contents (i.e., PBAT0 and PBAT10), the 371 

adlayer masses continuously decreased with a high mass loss rate until a final stable 372 

mass was attained, suggesting that the activity of FsC on these polyesters remained high 373 

and approximately constant until the entire film was hydrolytically removed from the 374 

sensor. By contrast, PBAT20 and PBAT29 films only showed a high mass-loss rate 375 

until approximately 3.8 and 1.8 μg·cm-2 of the coated masses had been removed, 376 
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respectively (see arrows in inset of Figure 2a). Then, the mass-loss rates decreased and 377 

hydrolysis transitioned into a second phase with smaller mass-loss rates. The adlayer 378 

mass of PBAT42 and PBAT50 decreased only slightly after FsC addition, and rapidly 379 

transitioned into the phase with comparatively low mass-loss rates.  380 

These transitions from phases of fast hydrolysis into phases of slower hydrolysis 381 

imply a non-uniformity in the PBATx films at the nanometer scale. As the terephthalate 382 

contents increased, the mass fractions of the PBATx films that were readily 383 

hydrolyzable decreased. We ascribe the initial phase with a comparatively high mass-384 

loss rate to the hydrolysis of PBAT domains with relatively low terephthalate-to-385 

adipate ratios. This fast hydrolysis progressed until the film surface became enriched in 386 

domains with higher terephthalate-to-adipate ratios, which slowed down subsequent 387 

hydrolysis. This explanation is also consistent with the pronounced decrease in the 388 

extent of PBATx hydrolysis by RoL with increasing terephthalate content. Apparently, 389 

only domains with low terephthalate-to-adipate ratios were hydrolyzable by RoL, 390 

whereas the polyester chains in domains with high terephthalate contents were not 391 

flexible enough to reach into the active site of RoL (Figure 2b). The adlayer mass that 392 

was released at the end of the phase of fast hydrolysis correlated well between FsC and 393 

RoL. This correlation indicated that the non-uniformity in the films affected hydrolysis 394 

by both enzymes (Figure S9).  395 

To support that PBATx films contained terephthalate-rich domains with reduced 396 

chain flexibilities, we complemented the hydrolysis experiments of PBATx films at 397 

Texp= 30°C with additional experiments at 20°C and 40°C (Figures S10 and S11). We 398 

found that increasing Texp increased the fraction of the PBAT films that were readily 399 

hydrolyzable by both enzymes (Figures S9 and S10), consistent with a temperature-400 

induced increase in the flexibility of the polyester chains in the terephthalate-enriched 401 



 20 

domains of these polymers. Increasing Texp also increased the estimated rates of PBATx 402 

hydrolysis by FsC (Figures 2d and S6). It is likely that part of this rate increase resulted 403 

from an increase in the activity of FsC with Texp. However, the rate increase with 404 

increasing Texp was more pronounced for the high-Tm polyesters (PBAT42 and 405 

PBAT50) than for low-Tm polyesters (PBAT0, PBAT10) (Figure S12). This finding 406 

further supports that PBATx films contained domains with high terephthalate contents 407 

and impaired enzymatic hydrolyzability. 408 

To further support our explanation for film non-uniformity, we calculated the 409 

probability of oligomeric sequences with a defined number of terephthalate monomers 410 

in the PBATx films, assuming a random incorporation of adipate and terephthalate into 411 

the polyester chain during synthesis (see SI for details). The calculated probabilities of 412 

having two or fewer terephthalate units in a sequence of eight butanediol-diacid dimers 413 

are 81, 58, 28, and 14 % for PBAT20, PBAT29, PBAT42, and PBAT50, respectively 414 

(Figure S13). These probabilities are in good agreement with the mass fractions of the 415 

PBAT polyesters that were readily hydrolyzed, suggesting that decreased 416 

hydrolyzability was likely caused by 16-mers with three or more terephthalate units.  417 

Taken together, the QCM-D data and theoretical calculations strongly support 418 

that the presence of terephthalate-enriched domains in the PBATx polymers impaired 419 

hydrolysis. On a molecular level, impaired hydrolysis presumably resulted from a 420 

restricted flexibility of the polyester chains in domains with higher terephthalate 421 

contents.34 Slower enzymatic hydrolysis of ester bonds between butanediol and 422 

terephthalate than between butanediol and adipate, as previously reported for 423 

lipases,23,43 may have further contributed to the overall impaired hydrolysis of 424 

terephthalate-enriched domains. 425 
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Effect of type of esterase. While all tested aliphatic polyesters PBCn were 426 

completely hydrolyzed by both FsC and RoL, the mass progress curves were very 427 

different for the two enzymes. FsC addition resulted in an immediate onset of adlayer 428 

mass loss, whereas RoL addition was followed by an extended phase without mass loss 429 

(Figure 1). We propose that this phase during RoL-mediated hydrolysis resulted from 430 

an initial hydrolysis of a few ester bonds on the polyester surface forming negatively 431 

charged carboxylate groups which subsequently diminished the activity of RoL on ester 432 

bonds on the polyester surface in close proximity to the formed carboxylate moieties.32 433 

This explanation builds on previous work that showed that lipases —in contrast to 434 

cutinases— commonly need to interact with an apolar surface to become fully 435 

active.15,44,45 In this process, called interfacial activation, a conformational change in 436 

the lipase leads to the repositioning of a lid-like peptide structure and results in the 437 

exposition of the pocket with the active site.46 Consistent with this explanation, we 438 

showed in pH-stat titration experiments that solvent-cast PBC6 films were hydrolyzed 439 

by RoL to dissolved dimers and not monomers (Figure S14), implying impaired RoL 440 

activity on ester bonds close to negatively charged carboxylate groups. By comparison, 441 

FsC hydrolyzed all ester bonds of the PBC6 film to form monomers (Figure S14). 442 

Impaired RoL activity on charged polyester surfaces is also consistent with slower 443 

hydrolysis of aliphatic polyesters with short diacids (i.e., PBC4 to PBC10) by RoL than 444 

by FsC, while hydrolysis rates for the three aliphatic polyesters with the long diacids 445 

(i.e., PBC12, PBC13, and PBC18) were similar for the two enzymes. 446 

The lipase-specific interfacial activation mechanism may also have favored 447 

vertical hydrolysis into the polyester film over lateral surface hydrolysis. Preferential 448 

vertical hydrolysis would help rationalize the mass progress curves during the 449 

hydrolysis of PBCn films by RoL. First, hydrolysis by RoL, as compared to hydrolysis 450 
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by FsC, would require more time to form hydrolysis products of a sufficiently small 451 

size to detach from the PBCn film surfaces. Secondly, if vertical hydrolysis by RoL 452 

prevailed, mass loss due to the release of hydrolysis products would be compensated 453 

by the incorporation of water into the film. This water incorporation may have 454 

contributed to the initial phase with constant adlayer masses. Third, preferential 455 

hydrolysis in the vertical direction would ultimately result in structurally unstable films 456 

susceptible to fast detachment from the sensor surface. The formation of such films 457 

would explain the sharp transition from the initial phase without substantial mass loss 458 

into the second phase with high mass-loss rates (Figures 1b and S1b).  459 

All aliphatic-aromatic co-polyesters were completely hydrolyzed by FsC, 460 

whereas the hydrolysis of PBAT variants with higher terephthalate contents (i.e., 461 

PBAT29, PBAT42 and PBAT50) by RoL was incomplete. The crystallographic 462 

structures of the two enzymes show that the active site of RoL is located in a relatively 463 

deep pocket, whereas the active site of FsC is more surface-exposed.31 We recently 464 

argued that this difference in the architecture of the active-site resulted in a more 465 

pronounced dependence on polyester-chain flexibility on the formation of the enzyme-466 

substrate complex for RoL than for FsC. This argument is fully consistent with the 467 

finding of impaired hydrolysis of terephthalate-rich domains in PBATx by RoL in this 468 

work.  469 

To place the results obtained by FsC and RoL into a larger context and to further 470 

assess the importance of active site accessibility, we tested the hydrolyzability of 471 

PBAT0 (= PBC6) and PBAT50, the two end members of the PBATx set, by six 472 

additional microbial carboxylesterases (Figures 3 and S15; Table 2). In this set, the 473 

cutinase FsC and the two lipases RoL and AnL were of fungal origin. The second 474 

cutinase TcC, the three lipases PcL, PfL, and PefL, and the tested esterase CbE were of 475 
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bacterial origin. All eight enzymes were used in concentrations that resulted in the same 476 

activities on the model substrate para-nitrophenyl butyrate.  477 

Five enzymes (CbE, PcL, TcC in addition to RoL and FsC) rapidly and 478 

extensively hydrolyzed PBAT0 (Figure 3a). Larger dissipation values were observed 479 

for PBAT0 films during hydrolysis by the lipases than by the cutinases and the esterase 480 

(Figure S16), supporting the formation of structurally instable, water-rich film 481 

intermediates during lipase-mediated hydrolysis. Exposure of PBAT0 films to the 482 

remaining three hydrolases PefL, PfL, or AnL resulted in initial increases in adlayer 483 

mass, presumably due to enzyme adsorption to the PBC6 surfaces, followed by a 484 

comparatively slow mass loss. Relative to their activity on para-nitrophenyl butyrate, 485 

these three enzymes therefore had considerably lower activities on PBAT0 than the 486 

other enzymes.  487 

 488 
Figure 3. Hydrolysis of films of poly(butylene adipate) (PBAT0= PBC6) (panel a.) and 489 
poly(butylene adipate co-terephthalate) with a terephthalate content of 50 % relative to 490 
the total diacid content (i.e., PBAT50 (panel b.) by a set of carboxylesterases 491 
(abbreviations of enzymes shown next to curves, see Table 1 for full names and details) 492 
at pH 6 and 30 °C as investigated by quartz-crystal microbalance with dissipation 493 
monitoring (QCM-D) measurements. For clarity, we show one representative 494 
measurement of duplicates for each enzyme-polyester combination. 495 
 496 

Among the eight tested hydrolases, only FsC extensively hydrolyzed PBAT50 497 

films within 20 h (Figure 3b). A slower but significant decrease in the PBAT50 adlayer 498 

mass was detected during hydrolysis by TcC, the second tested cutinase. Neither the 499 
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esterase nor the five lipases hydrolyzed the PBAT50 films to detectable amounts over 500 

the course of the 20 h experiment. These pronounced differences in the activities of the 501 

tested carboxylesterases on both films were confirmed by fractional losses of adlayer 502 

mass determined on dried sensors after the hydrolysis experiments (Figure S15). 503 

Similar to RoL, an increase in the terephthalate contents from PBAT0 to PBAT50 504 

largely impaired the hydrolysis by CbE and by PcL. The findings of  PBAT50 505 

hydrolysis by TcC and of faster PBAT0 than PBAT50 hydrolysis by CbE are in good 506 

agreement with the results of previous studies.21,47 While hydrolytic activity of PefL on 507 

PBAT50 was previously reported,24 this activity was observed at Texp= 50°C. The lower 508 

Texp= 30°C used herein likely explains why we did not detect activity of PefL on 509 

PBAT50 in the QCM-D experiment.  510 

Based on the crystallographic structures available for seven of the eight tested 511 

carboxylesterases, we employed published algorithms to compute the surface area of 512 

the active-site serine in each of the carboxylesterases that was accessible to probes of 513 

varying radii. These computations showed that the active sites of FsC and TcC, the two 514 

enzymes that hydrolyzed PBAT50, were more accessible than the active sites of RoL, 515 

PefL, and CbE, three of the enzymes that did not hydrolyze PBAT50 (Figure S17). The 516 

computations for these five enzymes therefore support that active-site accessibility is 517 

an important parameter that governs the hydrolytic activity of carboxylesterases on 518 

polyesters, particularly on aromatic-aliphatic co-polyesters with high ratios of aromatic 519 

to aliphatic diacid components.18,31,35 Future work may extend this concept to additional 520 

enzymes and polyesters. For example, we expect that the PETase recently identified by 521 

Yoshida et al. has a highly accessible active site, given its high hydrolytic activity on 522 

poly(ethylene terephthalate).26 523 
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Implications. This work demonstrated that QCM-D measurements allow 524 

following enzymatic polyester hydrolysis at the nanometer scale with high sensitivity 525 

and in real time. Through systematic variations in the chemical composition of the 526 

tested polyesters and by comparing different carboxylesterases, we showed that the 527 

physicochemical and structural properties of both the polyester and the 528 

carboxylesterase determine the rates and extents of enzymatic polyester hydrolysis. The 529 

results of this work call for experimental and modeling studies that specifically 530 

investigate the critical interplay between polyester chain flexibility and enzyme active-531 

site accessibility.  532 

Our QCM-D measurements demonstrated that a nanoscale non-uniformity in the 533 

physicochemical properties affected the enzymatic hydrolyzability of polyester films. 534 

This finding motivates future studies that investigate the processes that give rise non-535 

uniformity, characterize the physicochemical properties of different domains in non-536 

uniform polyesters, and link these properties to enzymatic hydrolyzability. A more 537 

thorough characterization of polyester non-uniformity at the nanoscale is important not 538 

only to advance our mechanistic understanding of enzymatic polyester hydrolysis but 539 

also to provide new avenues to designing polyesters with optimized structural stability 540 

and biodegradability. 541 
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