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Although mechanisms of cell–material interaction and cellular
mechanotransduction are increasingly understood, the mechanical
insensitivity of mesenchymal cells to certain soft amorphous biomaterial substrates has remained largely unexplained. We reveal
that surface energy-driven supramolecular ligand assembly can
regulate mesenchymal stem cell (MSC) sensing of substrate mechanical compliance and subsequent cell fate. Human MSCs were
cultured on collagen-coated hydrophobic polydimethylsiloxane
(PDMS) and hydrophilic polyethylene-oxide-PDMS (PEO-PDMS) of
a range of stiffnesses. Although cell contractility was similarly diminished on soft substrates of both types, cell spreading and osteogenic differentiation occurred only on soft PDMS and not
hydrophilic PEO-PDMS (elastic modulus <1 kPa). Substrate surface
energy yields distinct ligand topologies with accordingly distinct
profiles of recruited transmembrane cell receptors and related focal adhesion signaling. These differences did not differentially regulate Rho-associated kinase activity, but nonetheless regulated
both cell spreading and downstream differentiation.
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tudies of stem cell behavior on soft biomaterials have typically employed 2D platforms of synthetic polymers coated
with monomeric protein ligands (1). Such studies (2–4) have
demonstrated that modulating the stiffness of porous gels can
direct stem cell fate. However, experimental outcomes on amorphous biomaterial substrates vary widely. Beyond the inherent
biological variability of eukaryotic cell culture systems, existing
models of cell–biomaterial interaction fail to coherently explain divergence of experimental results. For instance, it has
until now not been understood why mesenchymal stem cells
(MSCs) readily attach and spread on soft elastomeric silicone
(3–5), while they tend to not spread on similarly soft substrates
such as polyacrylamide that have been coated with similar extracellular matrix ligands (3, 4, 6).
Although cell responses on synthetic hydrogels and elastomers
are regularly compared, these materials present very distinct
chemical and physical features (7). Among these features, one
characteristic that has been widely ignored is the inherent difference in surface energy of these material classes. In the field of
biomedical implant design, surface energy has long been recognized to control protein adhesion and downstream cellular reaction (8, 9). The property of biomaterial surface energy can be
viewed as the physical work done by intermolecular forces acting
to increase phase surface area. As such, surface energy depends
on the charge and polarity of the outermost functional groups of
the biomaterial. Surface energy can be increased by the presence
of polar functional groups, with higher energy substrates having
more polar groups yielding a more hydrophilic surface (10, 11).
Monomeric type I collagen is a widely used model extracellular
matrix ligand comprising both polar and apolar amino acid residues (Fig. 1). We have shown previously that biomaterial
www.pnas.org/cgi/doi/10.1073/pnas.1704543115

surface energy plays a dominant role in determining which
groups are exposed after deposition, with a downstream influence on the supramolecular organization of adsorbed collagen
layers (12). In this earlier work, we demonstrated that surface
energy on stiff (2.15–2.40 MPa), atomically flat substrates steers
cell–material interactions and promotes osteogenic MSC differentiation by regulating the topography of the adsorbed ECM
protein layer presented to the cells. To achieve these insights, we
designed a polydimethylsiloxane (PDMS)-based platform in
which stiffness and surface energy can be independently tailored
in a straightforward manner by addition of surfactant in small
quantities. The chief technical challenge was to rigorously control for, and prevent, potential confounding effects of any divergent
chemical, physical, and mechanical properties at the cell–material
interface.
We now adapt this tunable biomaterial system to achieve very
soft substrates (elastic modulus <1 kPa) to isolate and investigate
the role of surface energy on human MSC mechanosensitivity to
substrate stiffness. We specifically focused on collagen I as a
model ligand that supports osteogenic, tenogenic, or adipogenic
differentiation in a substrate stiffness-dependent manner (6). We
found that surface energy indeed regulates cell adhesion and
differentiation on soft and hard substrates, with hydrophobic
surfaces suppressing cell mechanosensitivity to bulk material
stiffness. We reveal how surface energy directs ligand topography
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Fig. 1. Schematic of surface energy-driven assembly of collagen I. Collagen I
molecules containing polar and apolar amino acid residues covalently bind
and self-assemble to exhibit different conformations, topologies, and functionalities when coated on substrates of different surface energy. Adapted
from ref. 12.

to alternately promote or inhibit cell mechanosensitivity and
response to soft amorphous substrates. This understanding likely
resolves conflicting mechanistic theories on how MSCs sense and
react to soft biomaterial substrates (3, 4, 13–15). More broadly,
the present study demonstrates biomaterial surface energy as a
crucial consideration in soft biomaterial design, and one that
cannot be neglected in study of stem cell–biomaterial interaction
and cell fate.
Results
To isolate biological effects of surface-driven ligand assembly, we
developed a PDMS-based platform that allowed stiffness and
surface energy to be varied independently. Polar (hydrophilic)
PDMS surfaces were obtained by adding 0.2% PDMS-b-PEO
surfactant with a neutral and polar polyether to the standard
PDMS (12). We established mechanically equivalant PDMS and
PEO-PDMS substrates over a wide stiffness range (elastic
moduli from over 2,000 to less than 1 kPA), generated by
adjusting base-to-catalyst mixing ratios. As expected (3), softer
elastomers yielded more viscous material responses (SI Appendix, Fig. S1). Microscale mechanical surface homogeneity was
demonstrated using subcellular-sized indenter tips (10 μm radius) (SI Appendix, Fig. S2). In contrast to previous reports of
high microscale elastic moduli of soft PDMS (4), we measured
an elastic modulus of less than 1 kPa for 80:1 PDMS at 10% s−1
strain rates (SI Appendix, Fig. S2B), consistent with our previous
investigations on stiff elastomeric substrates (12). Surface treatment with a heterobifunctional protein cross-linker (sulfoSANPAH) did not alter surface mechanics (SI Appendix, Fig.
S2B). Collagen coating only slightly increased nanoscale surface
stiffness (SI Appendix, Table S1). A colorimetric micro bicinchoninic acid (microBCA) assay verified effectively equivalent
adsorption of collagen on both substrate classes over the full
stiffness range. The quantification experiments revealed an approximate protein load of 10 ng/mm2, representing an average of
2 × 104 collagen type I molecules per square micrometer and
167.3 × 104 molecules per square micrometer in the case of the
synthetic peptide (SI Appendix, Fig. S3A). This results in a theoretical average distance between molecules of 3.54 nm and
0.39 nm, respectively. Although collagen and GFOGER form
quaternary structures that increase the actual intermolecular
distance, this remains below the ligand spacing previously shown
to affect cell spreading (16). Nevertheless, an effect of different
ligand densities at the nanoscale on nucleation and maturation
of focal adhesions, and potentially on differentiation, cannot be
completely excluded (17).
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Consistent with our previously reported observations (12),
atomic force microscopy (AFM) imaging analysis of collagencoated PDMS and PEO-PDMS of different stiffness indicated a
clear difference in ligand layer topography between polar and
apolar surfaces. On PDMS, all collagen-coated surfaces appeared
rough with an average roughness (Ra) between 3.12 and 4.10 nm
with more prominent aggregates on stiffer substrates (SI Appendix,
Fig. S4). On the other hand, PEO-PDMS surfaces presented a
smoother ligand layer with an average roughness between 0.63 and
1.01 nm (SI Appendix, Fig. S4). Thus, collagen conformation and
supramolecular organization atop these material surfaces depends
on competitive interplay of collagen–substrate and collagen–collagen interactions (Fig. 1). On hydrophobic PDMS, molecules are
covalently bound to the surface but do not lie flat. Instead,
immobilized monomers adopt a folded conformation that may
interact with further collagen molecules that are still in suspension. These intermolecular collagen interactions typically result in
the formation of multilayer molecular aggregates. Such aggregation suggests a higher affinity for collagen–collagen interaction
than for collagen–surface interaction. On the contrary, collagen
molecules seeded onto hydrophilic PEO-PDMS lie flat within a
relatively smooth collagen layer. This tendency of collagen to lie in
monolayer on the more polar PEO-PDMS indicates that collagen–surface affinity dominates the interactions involved in collagen deposition on this hydrophilic material (18, 19). While the
kinetics of collagen and GFOGER attachment to the two material
classes is similar (SI Appendix, Fig. S3 E and F) there was approximately threefold increased density of sulfo-SANPAH crosslinker on the hydrophobic PDMS substrates used in these experiments (SI Appendix, Fig. S5). Importantly, this suggests that
higher amounts of covalent surface cross-linker cannot overcome
the effects of material surface energy in driving biologically relevant differences in ligand supramolecular assembly.
To test whether surface energy affects cell adhesion on elastomers of different stiffness, we cultured human bone marrow
mesenchymal stem cells (hBMSCs) on PDMS and PEO-PDMS
substrates and measured both cell attachment and spreading. At
1 h after cell seeding at high density (25,000 cells per square
centimeter), the percentage of cell attachment evaluated by
fluorescent nuclear staining on a large central area of each
substrate was found to be similar, with ∼50% of seeded cells
attaching to all substrates (Fig. 2B). As expected, cell spreading
24 h after cell seeding was not diminished on low-stiffness PDMS
with an apolar, hydrophobic surface (Fig. 2). However, it was
markedly diminished on soft hydrophilic elastomeric PEOPDMS. The attachment footprint of cells on soft PEO-PDMS
(80:1) was approximately threefold smaller than that of cells on
all other substrates (Fig. 2C). Similarly, Vertelov et al. (15) recently reported reduced cell spreading on soft commercially
available silicone gels. While phalloidin staining of cells seeded
on stiff PDMS showed a more pronounced actin cytoskeleton
with localized focal adhesions (antivinculin immunostaining) at
the cell edge, cells on soft PDMS presented more dispersed cytoskeletal elements (Fig. 2A), consistent with previous reports
(5). Taken together these results suggest that surface energy
affects collagen-driven cell spreading and can dominate cell response to substrate stiffness cues. To evaluate the role of surface
energy in modulating stem cell differentiation, we first cultured
hBMSCs for 7 d at low density (5,000 cells per square centimeter) in coinduction medium containing osteogenic and adipogenic inducers. Cells were stained with Alizarin Red for calcium
deposits, a standard marker of differentiated osteoblasts. Cultures were also stained with Oil Red O for lipid droplets, an
indicator of the degree of adipogenesis. In contrast to all of the
other substrates, soft PEO-PDMS substrates presented very low
calcium deposits and a substantial amount of formed lipid
droplets (Fig. 3A). Consistent with previous reports (3), hBMSCs
cultured on both soft and stiff PDMS presented similar DNA
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(5–6 kPa) was significantly higher than for cells on PEO-PDMS
(Fig. 4 B–D and SI Appendix, Fig. S7). Substrates with an intermediate stiffness (60:1) were used in place of the stiffer substrates (10:1) to allow cell substrate deformations that could be
sensitively resolved by light microscopy; cells on the intermediate
substrates (60:1 and 70:1) adopted rounded cell morphologies
and displayed adipogenic differentiation potential consistent
with the substrates that they were intended to represent (Fig. 4C
and SI Appendix, Fig. S8). Interestingly, although spreading was
equivalent, mean surface traction stress of cells cultured on soft
PDMS was fivefold lower than the cells cultured on intermediate
stiffness PDMS (Fig. 4D). To further assess the level of cellular
contractility on the various substrates, we cultured cells for 24 h
at low seeding density (2,500 cells per square centimeter) and

amounts and alkaline phosphatase (ALP) activity (Fig. 3 B and
C); however, the amount of DNA on soft PEO-PDMS substrates
was significantly lower compared with the other substrates, suggesting reduced proliferation (20) (Fig. 3B). Quantification of
ALP activity revealed a threefold lower expression of this osteogenic marker on soft PEO-PDMS compared with the stiff material
(Fig. 3C).
We further investigated the hBMSC differentiation in basal
growth medium for 14 d at low seeding density (5,000 cells per
square centimeter) by staining for ALP and calcium deposition.
Previous studies (4, 12) have reported a tendency for differentiation toward osteogenic lineages when stem cells are cultured
on PDMS substrates independently of their stiffness. Consistent
with this observation, hBMSCs cultured on all tested substrates,
except for soft PEO-PDMS, exhibited a positive staining for ALP
and a high calcium deposit (Fig. 3D). Collectively, our data
suggest that surface energy is a key factor in stem cell differentiation as driven by substrate stiffness.
A unique traction force microscopy (TFM) approach was
implemented in a manner that avoids confounding effects of
bead-coating chemistry and topography that accompanies standard use of this assay. Fluorescent beads were covalently attached to a substrate of appropriate stiffness before addition of a
2-μm spincoat layer of bulk material (Fig. 4A and SI Appendix,
Fig. S6). Cells were cultured for 16 h at low seeding density
(650 cells per square centimeter), before measuring traction with
an optimized tracking algorithm (21) (see SI Appendix for further
details). Mean surface traction stress exerted by the cells on
PDMS of either a soft (0.2–0.3 kPa) or an intermediate stiffness
Razafiarison et al.
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Fig. 2. Cell spreading is affected by the surface energy on elastomer substrates of different stiffness. (A) Morphology of hBMSCs on functionalized
substrates seeded at 5,000 cells per square centimeter after 24-h culture on
PDMS and PEO-PDMS substrates of different stiffness (soft, 0.07–0.10 kPa;
stiff, 2.15–2.40 MPa). Cells were immunostained with an antibody against
vinculin (red), Alexa-488 phalloidin (green), and DAPI (blue). (Upper row
scale bar, 100 μm; Lower row scale bar, 20 μm.) Images of cells on stiff
substrates were reported from our previous publication (12). (B) Attachment
of hBMSCs on PDMS and PEO-PDMS substrates when seeded at 25,000 cells
per square centimeter after 1-h culture (n = 3). Data on stiff substrates were
reported from our previous publication (12). (C) hBMSCs spreading area on
PDMS and PEO-PDMS when seeded at 5,000 cells per square centimeter after
24-h culture (n = 4; number of cells ≥2,400). Data on stiff substrates were
taken from our previous publication (12). Data are represented as mean ±
SD. Significance is indicated for P ≤ 0.05 (***P ≤ 0 0.001, ****P ≤ 0.0001).

Fig. 3. Surface energy directs osteogenic stem cell differentiation independently of bulk substrate stiffness. hBMSCs after 7-d culture in mixedinduction medium on PDMS and PEO-PDMS substrates of different stiffness
(soft, 0.07–0.10 kPa; stiff, 2.15–2.40 MPa) seeded at 5,000 cells per square
centimeter. (A) Staining with Alizarin Red for calcium deposit (Scale bar,
100 μm.) and with Oil Red O for lipid droplets (Scale bar, 200 μm.). (B) Total
DNA content. Data on stiff substrates were adapted from our previous
studies (12) (n = 4–5). (C) Total ALP activity per DNA normalized by the mean
value of the stiff PDMS. Data on stiff substrates were adapted from our
previous publication (12) (n = 4–5). (D) Staining of hBMSCs after 14-d culture
in basal growth medium on PDMS and PEO-PDMS substrates of different
stiffness (soft, 0.07–0.10 kPa; stiff, 2.15–2.40 MPa) seeded at 5,000 cells per
square centimeter with Alizarin Red (Scale bar, 500 μm.) and for alkaline
phosphatase (ALP) detection with a fast red violet solution. (Scale bar,
100 μm.) Data are represented as mean ± SD. Significance is indicated for P ≤
0.05 (*P ≤ 0.05, **P ≤ 0.01, ***P ≤ 0.001).
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Fig. 4. Traction force microscopy indicates cells spread on soft PDMS without strongly contracting, and is not predominantly mediated by Rho-associated kinase
(ROCK) activity. (A) Schematic for PDMS-based TFM platform with embedded 200-nm-diameter fluorescent trackers at a depth of 2.0 μm. (B) Snapshots of traction
stress map with color values corresponding to different stress values (see corresponding axis) generated by hBMSCs on PDMS and PEO-PDMS of different stiffness
(soft, 0.22–0.35 kPa; intermediate, 5–6 kPa) seeded at 625 cells per square centimeter after 16 h in culture. (Scale bar, 25 μm.) (C) Quantification of the corresponding cell spreading areas with the fluorescent live-cell nucleic acid Syto-13 stain. (n = 56–90). (D) Quantification of the corresponding mean surface traction
stresses (see SI Appendix for details about data processing) (n = 56–90). (E) Semiquantification of phosphorylated ROCK by immune-sandwiched enzyme-linked
immunosorbent assay when seeded at 5,000 cells per square centimeter after 24-h culture on PDMS and PEO-PDMS substrates of different stiffness (soft, 0.07–
0.10 kPa; stiff, 2.15–2.40 MPa) (n = 4–5). Data are represented as mean ± SD. Significance is indicated for P ≤ 0.05 (*P ≤ 0.05, **P ≤ 0.01, ****P ≤ 0.0001).

determined the level of ROCK phosphorylation, a key regulator
of the cytoskeleton and cellular contraction (22). ROCK phosphorylation was found to be significantly higher on both stiff
PDMS and PEO-PDMS than on soft substrates (Fig. 4E). We
thus conclude that cell spreading is least partly decoupled from
ROCK-mediated cellular contractility. To evaluate downstream
effects of surface energy on collagen-binding receptors and focal
adhesion components, we analyzed gene expression by quantitative PCR (qPCR) after 24 h. Different cell response on PDMS
compared with PEO-PDMS was evident. Substantially diminished signaling related to focal adhesion maturation, including
diminished integrin alpha 1, integrin alpha 2, vinculin, paxillin,
and focal adhesion kinase expression on the softer PEO-PDMS
substrates. This trend was reversed on PDMS, with signaling
related to most of these elements increasing on soft PDMS
substrates compared with the stiffer material (SI Appendix, Fig.
S9). The discoidin domain receptors, including DDR1 and
DDR2, which are also activated by collagen, were up-regulated
on both soft materials, but more significantly on (apolar) PDMS
(SI Appendix, Fig. S9). Taken together, the results suggest that
integrin and DDR pathways are differently regulated by collagen
when coated on PDMS and PEO-PDMS. As previously described (12, 23), DDRs may be involved in the recognition of a
differential spatial collagen organization and lead to the activation of further downstream signaling.
To test whether the observed differences in cell behavior could
be attributed to surface energy-driven differences in collagen selfassembly, we employed a well-described collagen mimetic peptide
containing the minimal GFOGER cell-binding sequence that
binds the α2β1 integrin receptor (24). This model ligand does not
self-assemble into larger structures, a process that in the native
collagen molecule depends on specific amino acid sequences that
are absent from the synthetic peptide (25). Additionally, the
GFOGER peptide has a comparatively small molecular weight of
4634 | www.pnas.org/cgi/doi/10.1073/pnas.1704543115

11.1 kDa compared with the full-length collagen molecule with a
mass of 300 kDa (Fig. 5A). As in all experiments, we first ensured that PDMS and PEO-PDMS presented similar amounts of
ligand by adjusting the molarity of the peptide solutions adsorbed to the surface (SI Appendix, Fig. S3B). In contrast to experiments using the native collagen molecule, MSCs plated on
soft PDMS did not fully spread, adopting a smaller, rounded
shape on both soft PDMS and soft PEO-PDMS (Fig. 5B). In
contrast, cell spreading on stiff PDMS and PEO-PDMS substrates was more than twofold higher than on the softer material
variants (Fig. 5C). These results suggest that collagen deposition
directed by surface energy (12) overrides mechanically driven
MSC response to soft PDMS substrates.
Discussion
Understanding cell–material interaction is essential for biomaterial design. Although mechanics and biochemistry of cellular attachment points are important, the activity state of a
given ligand may be adsorption dependent and can be affected
by various physical factors (26, 27). We have shown previously
(12) that surface energy-driven ligand assembly and the resulting
surface nanotopography on rigid elastomeric bulk material can
strongly affect osteogenic stem cell signaling. We extended these
studies to soft substrates aiming to potentially resolve the large
body of conflicting evidence regarding stem cell sensitivity, or
rather insensitivity, to soft PDMS (3, 4, 15). We hypothesized a
potentially critical role of surface-driven ligand topography in
regulating mesenchymal cells’ detection of and response to mechanical cues at the cell–material interface.
We developed a PDMS-based platform that can be mechanically tuned within a wide range of potential stiffness (from 70 Pa
to 2.3 MPa) and with a range of surface energies that enable the
creation of hydrophilic and hydrophobic variants of a given
material stiffness, without otherwise affecting baseline physical
Razafiarison et al.

properties of the substrate surface—most critically, collagen topology. This system allows one to limit variation in topology as a
key confounding factor that often plagues parametric study of
cell–biomaterial interaction. Multiscale mechanical characterization demonstrated consistent mechanical properties across
size scales. This contrasts a recent study reporting inconsistent
mechanical properties of PDMS across metric scales (4), a discrepancy we attribute to deformation rates. Because viscoelastic
effects can be large in these materials (28, 29), we probed mechanical properties within a range of physiological strain rates
(up to 10% s−1). We also considered probe fouling by soft
PDMS, which can lead to dramatic stiffness overestimation at
micro- and nanoscales (30). Using this well-controlled material
platform, we pinpointed surface energy as a fundamental material property that can significantly impact stem cell fate on soft
biomaterials. We demonstrate that ligand topology driven by

Fig. 6.

Schematic of the interplay of matrix stiffness and surface energy-driven ligand topography in osteogenic stem cell differentiation.
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Fig. 5. Inactivation of collagen self-assembly promotes cell spreading
according to PDMS stiffness. (A) Schematic for inactivation of collagen selfassembly by employing a collagen-mimetic (GFOGER) peptide. (B) Morphology of hBMSCs on PDMS and PEO-PDMS substrates of different stiffness
(soft, 0.07–0.10 kPa; stiff, 2.15–2.40 MPa) when seeded at 2,500 cells per
square centimeter after 24-h staining with Alexa-488 phalloidin and DAPI.
(Scale bar, 50 μm.) (C) Quantification of the cell spreading area on the corresponding substrates (n = 4–5; number of cells ≥500). Data are represented as
mean ± SD. Significance is indicated for P ≤ 0.05 (**P ≤ 0.01, ***P ≤ 0.001).

surface energy can override adherent cell response to material
stiffness, even though substrate stiffness is well described as a
dominant contextual cue for stem cells in culture (2, 6). We show
that collagen monomer assembly into rough nanotopography on
hydrophobic surfaces (12) allows stem cells to spread and
osteogenically differentiate on soft PDMS (Fig. 6). As previously
reported (31), the presence of nanofeatures can push a cell to
elongate, contract, and eventually undergo osteogenic differentiation. We show that using nonaggregating minimal peptides on
soft hydrophobic PDMS can rescue the ability of stem cells to
sense and react to soft substrates, chiefly in the form of cell
rounding. Although studies have investigated the effects of
nanotopography on stem cell behavior on rigid substrates (32),
the present study is to our knowledge unique in demonstrating a
dominant effect of nanotopography on very soft substrates. This
information has eluded detection until now, mostly due to the
substantial technological challenges involved in fabricating soft
structured substrates or characterizing very soft substrates with
regard to nanoscale topology and multiscale mechanics. On stiff
substrates that are substantially easier to handle, it is well described that nanoscale disorder strongly induces osteogenic differentiation in the absence of chemical supplements (33). Our
data indicate that this relationship between nanoscale roughness
and osteogenic signaling extends to soft substrates as well. We
propose that stochastic ligand assembly driven by an apolar
biomaterial surface yields sufficiently rough ligand networks
(12) exhibiting lateral and vertical disorder of cell-binding sites
that drive bone differentiation independently of substrate rigidity.
Dependency of cell behavior on material stiffness can be rescued by using a nonaggregating synthetic collagen peptide,
demonstrating that in the absence of adequately rough ligand
self-assembly, MSCs can detect and react to the stiffness of a soft
or hard PDMS substrate with rounding or spreading, respectively. These experiments add essential mechanistic support to
previous reports of stem cell sensitivity to soft substrates being
modulated by cell-scale patterning and/or PDMS surface chemistry
(15, 34).
Previous studies have demonstrated that the distribution and
magnitude of cytoskeletal tension regulate ultimate differentiation
of hBMSCs (2, 34–36). The fact that cells with severely diminished
mechanical tension and ROCK activity can nonetheless spread on
very soft hydrophobic substrates, suggests that cytoskeletal tension
can be a secondary factor to topology in determining cell fate. This
finding echoes observations by Chaudhuri et al. (14), in which
substrate stress relaxation and decreased cytoskeletal tension enhanced cell spreading on soft substrates. The present study shows
that spread morphology on even soft substrates functionalized

with a suitable extracellular matrix ligand is sufficient to direct
MSCs to an osteogenic fate. Conversely, previous studies have
demonstrated that stiff substrates which confine cell spreading on
micropatterned surfaces can promote adipogenic differentiation
(35, 36). Thus, spread cell morphology, rather than the development of cytoskeletal contractility per se, seems to be a necessary
condition to determine cell fate in the 2D culture conditions that
form the majority basis of our understanding on stem cell
mechanosensitivity. This conclusion contrasts with recent experiments with 3D platforms that reported cell fate to be independent
of cell morphology but rather more traction dependent (37, 38).
Still, 3D culture systems have their own disadvantages, including
relative lack of control over hydrostatic stresses and osmotic gradients, and further work is required to determine how ROCKmediated contractility and spread cell morphology potentially interact to regulate cell signaling or act as a central checkpoint in
determining cell fate.
Collectively these results are striking, with potentially critical
implications for research employing type I collagen as a “standard” 2D cell culture reagent. We demonstrate that stochastic
collagen self-assembly translates to large potential for experimental variability, and/or systematically biased biological outcomes. Other ECM ligands, such as fibronectin, can behave quite
differently from collagen (e.g., SI Appendix, Fig. S10), and work
is required to characterize which combinations of biomaterials,
interface chemistry, extracellular protein milieu, and cells yield
reliably emergent system behavior.
In conclusion, we have demonstrated that surface energydriven ligand self-assembly (12) can steer a cell to very different
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fates on soft substrates. Controlling for surface energy enables
stem cells to spread and differentiate according to PDMS stiffness. These findings fill an important gap in our collective understanding (3, 4), explaining why stem cells spread and undergo
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as such have been widely ignored in opinion-leading papers on
stem cell–matrix interaction (3, 4). We suggest that surface energy is nonetheless a major biomaterial design factor that must
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Methods
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and the methods used, are described in SI Appendix, SI Materials and
Methods.
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